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RATIONALE: Catalytic turnover numbers for
most enzymes are between 1 and 104 s–1. FAcD
turnover, however, is conveniently slow (several
substrate molecules per minute), making it feasible to interrogate functional states associated
with unidirectional catalysis by means of freezetrapping x-ray crystallography and NMR. Our
goal was to investigate key functional mutants
in order to derive an ensemble representation
of the enzyme and to better understand how
this ensemble achieves catalysis. The work provides new insights into the role of allostery and
protein dynamics in catalysis, and in particular,
how this takes place in a dimeric enzyme.

INTRODUCTION: Enzymes greatly accelerate

biochemical reactions by providing a scaffold
to bind and recognize substrate, position catalytic units, and facilitate the formation of
stabilized transition states. The conformations
associated with specific states along the reaction coordinate pathway are often observed
to be sampled by the enzyme through a conformational selection mechanism. An enzymecatalyzed reaction is not a simple linear process
of discrete steps where the protein progresses
in an ordered and sequential fashion. Rather,
a more appropriate description is in terms of
an ensemble of functional conformations. Here,
we consider how such ensembles might function in the homodimeric enzyme fluoroacetate
dehalogenase (FAcD) from Rhodopseudomonas
palustris. Even under gross excess of substrate,
this enzyme turns over only one substrate molecule at a time, raising the question of the role
played by the dimer in catalysis.

Our results indicate that substrate binding to
one protomer is allosterically communicated to the
empty protomer, which plays a critical role in facilitating catalysis through entropic changes manifesting in enhanced dynamics and the loss of bound
water molecules. Several key mutants were prepared
so that the enzyme could also be studied in various
stages associated with catalysis (i.e. substrate-free,
Michaelis intermediate, covalent intermediate,
and product-bound state). By characterizing these
functional states using x-ray crystallography and
solution-state nuclear magnetic resonance (NMR),
it became possible to invoke an ensemble description of the enzyme at key points along the reaction. Interconversion between conformers and
the dynamic allosteric processes associated with
driving catalysis in the enzyme could be studied
largely through 19F NMR experiments, whereas
the dynamic ensemble and key allosteric processes
were validated by molecular dynamics (MD) simulations and computational rigidity analysis.

subtle asymmetry in the dimer, where only one
protomer is poised for substrate binding at any
instance. NMR reveals that the two protomers
undergo conformational exchange on a millisecond time scale. In the absence of substrate,
however, 0.5% of the en◥
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of substrate, the asymmetry
becomes more pronounced, and the empty
protomer contributes to catalysis by shedding
water molecules and adopting greater short–
time scale fluctuations, thereby compensating
for entropy losses associated with binding.
In addition, conformational exchange between
protomers markedly increases once the substrate is locked into the binding cleft. Substrate binding also initiates sampling of the
covalent intermediate, and subsequent functional states on a millisecond time scale. Water
networks appear to be a hallmark of key functional states and to play a role in allostery. MD
simulations and rigidity theory effectively identify intramolecular and interprotomer allosteric pathways, which drive catalysis.
CONCLUSION: FAcD effectively reacts one sub-

strate at a time. However, the empty half of the
dimer plays a key role in sampling subsequent
functional states and compensating for entropy
penalties to binding. Indeed, subsequent states
in the catalytic process appear to be sampled
through a conformational selection mechanism,
in which the empty protomer plays a key role.
MD simulations and rigidity theory help to validate many key ideas associated with sampling
of states within the ensemble, allostery, and the
role of protein dynamics in catalysis.

▪

Heterogeneous dynamics and structural waters in FAcD. In the apo-state, FAcD has a comparable
number of waters and B-factor amplitudes in each protomer. Binding of substrate increases B factors and
causes an egress of water molecules in the empty protomer. Upon SN2 substitution, there is a decrease
in B factors and an influx of water molecules that continues upon hydrolysis and product formation.
Kim et al., Science 355, 262 (2017)
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RESULTS: Crystallographic analysis identifies a
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Freeze-trapping x-ray crystallography, nuclear magnetic resonance, and computational
techniques reveal the distribution of states and their interconversion rates along the
reaction pathway of a bacterial homodimeric enzyme, fluoroacetate dehalogenase (FAcD).
The crystal structure of apo-FAcD exhibits asymmetry around the dimer interface and cap
domain, priming one protomer for substrate binding. This asymmetry is dynamically
averaged through conformational exchange on a millisecond time scale. During catalysis, the
protomer conformational exchange rate becomes enhanced, the empty protomer exhibits
increased local disorder, and water egresses. Computational studies identify allosteric
pathways between protomers. Water release and enhanced dynamics associated with
catalysis compensate for entropic losses from substrate binding while facilitating sampling
of the transition state. The studies provide insights into how substrate-coupled allosteric
modulation of structure and dynamics facilitates catalysis in a homodimeric enzyme.

E

nzymes greatly accelerate biochemical reactions by providing a scaffold to bind and
recognize substrates (1), position catalytic
units (2, 3), and facilitate the formation of
stabilized transition states (4). Representative states associated with this process are typically sampled by the substrate-free (apo) enzyme,
where cooperative motions often play a role in
connecting states and propelling the enzyme along
the reaction coordinate pathway (5–8). This dynamic cooperativity is also key to establishing
allosteric pathways between the substrate-binding
region(s) and the reaction center, resulting in
catalysis and release of product(s) (9, 10). In analogy with protein folding, cooperative motions are
intrinsically important to catalysis in terms of
sampling conformations associated with substrate
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capture, assembling substrates and surmounting
enthalpic and entropic barriers, providing for
multiple reaction pathways, and regulating overall catalysis—all while avoiding motions that either are unproductive or give rise to misfolding
(11). Much of this seminal work on dynamic energy landscapes has focused on monomeric enzymes (3, 5, 6, 8). Here, we consider the role of
dynamics in a homodimeric enzyme, fluoroacetate
dehalogenase (FAcD) from Rhodopseudomonas
palustris, which cleaves carbon-halogen bonds
and, in particular, one of nature’s strongest covalent single bonds, the carbon-fluorine bond,
generating glycolate (Fig. 1A) (12, 13). The cleavage of a carbon-halogen bond is initiated through
an SN2 attack by an aspartate residue, Asp110,
which displaces the halogen, resulting in a covalent ester intermediate, while His155, Trp156, and
Tyr219 stabilize the leaving halide. Then His280
activates a water molecule for ester hydrolysis to
generate the product glycolate (fig. S1) (12).
The ensemble approach to catalysis
Given the requisite roles of enzymes to recognize and position substrate(s) and facilitate catalysis and product release, the notion of a dynamic
conformational ensemble is well accepted (1–3, 14).
Substrate binding can contribute energy toward
activation through cooperative processes that allow enhanced sampling of catalytically relevant
functional states within this ensemble (15–17). To
advance one’s understanding of dynamic allostery in the context of catalysis, one would need
to first identify the dominant conformations
associated with substrate recognition, catalysis,
and product release, as illustrated on a hypothet-
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ical free energy profile in fig. S1. In the current
study, high-resolution crystal structures of the
apo-state, the Asp110 → Asn (D110N) substratebound Michaelis complex, a His280 → Asn (H280N)
glycolyl-enzyme covalent intermediate, and a
product-bound state constitute a minimum data
set with which to identify the appropriate distribution of states (i.e., the ensemble) via nuclear
magnetic resonance (NMR) (18). When used on
the native enzyme and the functional mutants
listed above, it is possible to characterize this
ensemble as the reaction ensues.
A key facet of the ensemble involves the connectivity of functional states that arise through
cooperative dynamic processes, which we associate with allostery (19, 20). Enzymes generally
exhibit a wide range of dynamics, ranging from
subnanosecond local fluctuations, which relate
to the conformational entropy of a given state, to
concerted processes spanning tens of microseconds or many milliseconds, which serve to
transmit binding or catalytic events across the
protein (21, 22). Even under conditions where enzymes possess low catalytic rates, there are invariably motions at time scales of picoseconds
to many milliseconds that may sample the reaction coordinate pathway but are often futile with
regard to the generation of product (23). Solutionstate NMR can play a major role in providing
insights into the above fast processes and the
slower cooperative processes, often with atomic
resolution (18, 24–26).
Within the arsenal of NMR relaxation experiments, 19F NMR is very useful in delineating states
as well as quantitating collective motions that are
perhaps too fast for traditional 13C or 15N relaxation experiments, which reveal motions at millisecond time scales (27). Biosynthetic labeling,
which commonly involves the substitution of aromatic residues such as tryptophan with their
monofluorinated equivalents, is generally relatively nonperturbing, as evidenced by the x-ray
crystal structure of 5-fluorotryptophan (5F-Trp)–
enriched FAcD (fig. S2A), which overlaps within
a root-mean-square deviation (RMSD) of 0.14 Å
with wild-type FAcD. Although there are no detectable structural perturbations, subtle effects on
binding and catalysis are detected by 19F NMR
functional assays and isothermal titration calorimetry (ITC) (fig. S2, C to F). Because 19F NMR
chemical shifts are extremely sensitive to subtle
differences in van der Waals and electrostatic
environments, they often resolve multiple states
(28). These chemical shift differences also greatly
help in the measurement of millisecond or submillisecond dynamics, where traditional 15N or
13
C relaxation experiments simply do not register
the exchange; as shown in fig. S3, virtually no
15
N Carr-Purcell-Meiboom-Gill (CPMG) relaxation
dispersions could be detected for a process deemed
by 19F CPMG relaxation dispersion experiments
to occur at 4300 s−1 (see below). Finally, allosteric
pathways are characterized by millisecond dynamics and are therefore typically difficult to validate
by all-atom molecular dynamics (MD) simulations.
For this reason, to ascertain which residues exhibit
correlated motions over 40-ms trajectories, we
1 of 11
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Dynamic allostery in dimers
Quaternary structure is generally understood to
facilitate allosteric regulation (29–31) and, in some
cases, to regulate catalysis through distinct oligomerization states (32). Only 19% of bacterial proteins are monomers, whereas homodimers are the
most prevalent form with 38% (33). Curiously, the
dimeric enzyme, FAcD, only catalyzes the transformation of a single substrate molecule at a time,
calling into question the role of the dimer. To
gain insight, we used freeze-trapping x-ray crystallography (FTX), NMR, and computational

A

chemical shifts during substrate titration (Fig. 2B)
and x-ray crystal structures of the D110N Michaelis
complex, the H280N covalent intermediate, and
the D110N glycolate complex, when obtained by
cocrystallizing with substrate (D110N and H280N)
or product (D110N) (Fig. 1C and fig. S4, A to D).
All these structures reveal a single bound substrate molecule per dimer. The only exception
is a H280N covalent intermediate structure, obtained from a crystal grown from a solution with
an excessive concentration of substrate (fig. S4E)
(12), indicating that after nucleophilic substitution in one active site, the second site becomes
more accessible. Taken together, these findings
suggest that catalysis proceeds through half-ofthe-sites reactivity (34, 35), where binding to the
second site is prevented at least until nucleophilic substitution has taken place.
Because FAcD exhibits a slow enzymatic rate
(kcat = 1.84 min−1 for wild-type FAcD), we could
capture structural changes in the dimer by x-ray

techniques to investigate the distribution and
interconversion rates of states along the reaction
pathway. Because FAcD catalysis is slow, FTX
provides a sense of structural changes occurring
during catalysis. High-resolution x-ray crystal
structures of the catalysis-affecting mutants listed
above provide additional indications of dynamic
regions through B-factor analysis and changes
in the numbers of bound waters for each of these
reaction steps, while NMR provides a sense of
the extent to which distinct functional states are
sampled along the reaction coordinate pathway.

used MD simulations as well as rigidity-based
transmission allostery (RTA) analysis, which accesses motions at millisecond time scales. In
particular, RTA identifies physical pathways
between protomers or distinct domains in the
protein, which can communicate binding or local
conformational changes, thereby connecting states
identified by crystallography and NMR.

Dimer asymmetry
The crystal structure of apo-FAcD shows a subtle
asymmetry in the dimer interface and the region
around the active site (Fig. 1B). One protomer is
in an open state, which is poised for substrate
binding; the other protomer exists in a closed
state (fig. S1). This asymmetry persists upon binding, as evidenced by linear trajectories of NMR
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Fig. 1. Structural asymmetry and correlated structural changes in FAcD.
(A) Chemical reaction catalyzed by FAcD. (B) Projection of the difference
distance matrix (fig. S6A) between the protomers A and B plotted onto the apoFAcD crystal structure. (C) Michaelis complex of mutant D110N cocrystallized
with FAc. (D) SPARTA+-predicted chemical shift differences (Dd) between
protomers from 38 substrate-soaked crystal structures (39). (E) Plot of right
singular vectors (RSVs) v1 and v2, weighted by their corresponding singular
Kim et al., Science 355, eaag2355 (2017)
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values (w1, w2), of 39 protomer pairs from the FTX series including an apostructure. Coordinates of the two protomers of each dimer in the series are
connected by a gray line and are defined by a red and blue dot, representing
protomers A and B, as discussed in fig. S6. The diameter of each dot corresponds to the soaking time. Structural changes occurring in protomer A are
highly coupled with those in protomer B, but no correlation with soaking time
could be established because of stochastic fluctuations arising during soaking.
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Dynamic averaging of
structural asymmetry
In an effort to correlate the above structural
asymmetries with the NMR results, we used
SPARTA+ (39) to predict the differences between
backbone chemical shifts of protomers A and B,
averaged over the 38 crystal structures (Fig. 1D)
(39). Several regions were predicted to exhibit
larger chemical shift differences associated with
catalysis—namely, the dimer interface region, the
cap domain, helices a1, a9, and a10, and the b
strand b8 (Fig. 1D). Nonetheless, 15N, 1H, and 19F
NMR spectra of the apo-enzyme and substratesaturated enzyme exhibited a single set of resonances (Fig. 2), which implies that these structural
asymmetries are dynamically averaged through
conformational exchange. On the basis of predicted differences in 15N and 1H chemical shifts
in the regions associated with catalysis, we es-

timate that the dimer must undergo a conformational exchange between two states (AB ↔ BA) with
a conformational exchange rate of kex ~ 400 s−1
as a lower limit in order to dynamically average
the expected shift differences (fig. S6D). Given
the sensitivity of 19F NMR to subtle differences
in van der Waals and electrostatic environments,
19
F CPMG relaxation dispersion experiments were
performed to characterize potential protomer exchange dynamics in the apo-state (40, 41). Although several tryptophan resonances exhibited
dispersions (fig. S8A), Trp156, which is located
on the dimer interface helix, exhibited a pronounced CPMG dispersion indicative of an exchange rate of kex = 750 s−1 (Fig. 2D and fig.
S8B). Thus, the structural asymmetry identified
by x-ray crystallography is dynamically averaged
in solution.
Probing dynamic asymmetry and
protomer exchange during catalysis
To investigate the role of asymmetric conformational exchange between protomers under catalysis,
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Fig. 2. Conformational and dynamic changes of FAcD upon titration with
substrate analog BrAc observed by 15N,1H HSQC and 19F NMR. (A) Chemical
shift perturbations resulting from titration of BrAc (B) overlaid onto the
Michaelis complex structure. Black regions represent missing peak assignments. (B) An expansion of 15N,1H HSQC spectra from a titration series with
BrAc; protein ratios range from 0 to 10 at 50°C (see fig. S9B for full spectrum).
(C) 19F NMR spectrum of 5F-Trp–incorporated FAcD at 50°C. The dashed box
showing the major and minor peaks of Trp156 is enlarged in Fig. 7B. (D) CPMG
Kim et al., Science 355, eaag2355 (2017)
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relaxation dispersion profiles of Trp156 recorded at 600 and 500 MHz. The
substrate-bound state (orange) shows dynamics increased by a factor of ~5
relative to the apo- (black) and product-bound states (green). (For an expanded
view of CPMG profiles of apo- and product-bound states, see fig. S8B.) (E) Trp156
shows large chemical shift changes upon addition of substrate analog BrAc
(orange) and product (glycolate, in green). Note that the chemical shift of one
of the minor peaks (S1) of apo-FAcD matches the “substrate-bound” chemical
shift, although without line broadening (dynamics).
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which indicates that the difference maps of the
two protomers contain unique compositions (wiVi,
where i = 1 to 8).

crystallography after freeze-trapping crystals
soaked with substrate for times ranging from
2 to 180 s (36, 37). Structural differences between
the protomers in the reaction series were analyzed by difference Fourier maps, which were
calculated for each protomer of the 38 soaked
structures with the ligand-free structure as reference. As shown in Fig. 1, B and D, key asymmetries
in the dimer appear to arise in the interface region and in the cap domain, which controls ligand gating. The 78 difference maps of individual
protomers were analyzed by singular value decomposition (SVD) analysis to rank decomposed
difference components (fig. S5) in order of significance (Fig. 1E, fig. S6, B and C, and fig. S7)
(38). Although SVD analysis did not yield a time
correlation because of stochastic fluctuations
that arise during soaking of the ligand, it did reveal highly correlated yet asymmetric structural
changes between the protomers during catalysis
(Fig. 1E). The two protomers in the same dimer
follow very different trajectories marked by arrows
for the first few dimensions decomposed by SVD,
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we used 15N, 1H, and 19F NMR over a wide concentration range of bromoacetate (BrAc), which
conveniently binds and establishes a Michaelislike intermediate, although without further catalysis as in the case of other haloacetates (Fig. 2,
A and B, and fig. S8, C to E). Despite the structural asymmetries in the dimer identified by
crystallography, the 15N,1H NMR spectra are
indicative of fast protomer conformational exchange over the entire range of BrAc concentrations (Fig. 2B). 19F NMR gave a similar result
(Fig. 2E). Of the nine tryptophans in FAcD, all
exhibited a single resonance indicating fast
protomer conformational exchange dynamics
(fig. S8E). The four resonances associated with

Trp156, Trp185, Trp264, and Trp267 underwent
shifts upon titration with BrAc (fig. S8E). 19F
NMR CPMG relaxation dispersion measurements
show that addition of the substrate analog BrAc
resulted in a protomer conformational exchange
rate on the order of 4300 s−1, substantially faster
than that in the apo-state (750 s−1) or in glycolatebound FAcD, which was estimated to be 930 s−1
(Fig. 2D).
Resonances that exhibited chemical shift perturbations resulting from the addition of BrAc
mapped to the same region of the protein identified by SPARTA+ analysis of the FTX series
(Fig. 1D, Fig. 2A, and fig. S9, B to D). In particular, the catalytic site and the interface region

showed the largest chemical shift changes with
increasing substrate concentrations, which suggests that conformational changes in the catalytic site of one protomer transmit allosterically
to the other protomer via the interface domain
(42). This is further corroborated by 40 ms of
all-atom MD simulations. Analysis of atomistic
trajectories revealed that the dimer interface region and the cap domain have correlated and
collective motions extending across the dimer
interface (Fig. 3A, fig. S10, and movies S1 to S6).
Both symmetric (principal component 1) and
asymmetric (principal component 2) collective motions were observed in MD simulations (Fig. 3B).
Crystal structures are spread along the asymmetric
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Fig. 3. Cross-correlation of residues and collective motions from MD simulations. (A) Side and top views of FAcD depicting mutual information networks of
dynamically correlated residues in the apo-state. Black lines indicate intrasubunit
correlated residue pairs (threshold of 0.25); red lines indicate intersubunit correlated
residue pairs (threshold of 0.2). (B) Interpolation between extremes (red and blue)
of the first and second principal components of the backbone atom covariance
matrix onto the average structure for apo-FAcD simulations. Black arrows indicate
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(C) Two-dimensional projection of the apo- and FAc-bound simulation data sets
onto their respective first and second principal components. The colors of the
two-dimensional histogram represent the likelihood of observing a simulation
snapshot along a collective degree of freedom. Static x-ray crystal structures
(stars) and structures obtained from FTX experiments (circles) are projected
onto the principal components of the apo- and FAc-bound data sets, respectively.
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collective mode, corroborating the motions observed in FTX (Fig. 3C).
Asymmetry in local dynamics and
numbers of crystallographic
water molecules
Although dimer asymmetry and fast conformational exchange appear to be hallmarks of
FAcD catalysis, there is further evidence from
crystallographic B factors that the empty
protomer of substrate-bound FAcD undergoes
rapid internal fluctuations upon initiation of catalysis. As shown in Figs. 4 and 5, the entropic
cost associated with substrate binding to the
“active” protomer is compensated by an increase
in B factors and a decrease in the number of
bound water molecules in the empty protomer.
Although the B factors and the number of bound
waters of both protomers of apo-FAcD are similar, B factors in the ligand-free protomer of the
Michaelis complex are markedly increased, with
a corresponding loss of water molecules, whereas
those of the ligand-bound protomer are mostly
unaltered (Fig. 4, A to C, and Fig. 5). This effect is
also observed, albeit to a lesser extent, for the
ClAc-bound structure (Fig. 4B and Fig. 5, B and C),
whose C-Cl dissociation energy is in fact lower
by 30 kcal/mol (43). Note that FAcD has evolved
to be optimized for FAc over ClAc, where the
catalytic rate is conspicuously lower, in keeping
with the presumed correlation between entropic
contribution (assessed through B factors and crystallographic water molecules) and catalysis (12).
B factors and bound waters of the glycolatebound protomer were comparable to those of the
apo-structure (Fig. 4, A and F, and Fig. 5, B and C).

A β8

α9

We emphasize that all crystals are highly isomorphous (fig. S11 and table S1), B-factor values
generally only average from 9 to 13 Å2 for mainchain atoms (with changes reaching 17.5 Å2), and
all comparisons were done at the same resolution, which suggests that the observed changes
in B factors are real and significant. Thus,
asymmetric binding of substrate to one protomer
triggers an increase of local dynamics (42) and
an egress of protein-bound waters in the empty
protomer. This dynamic asymmetry is also observed in covalent intermediate states, in cases
where only one of the catalytic sites undergoes a
reaction (Fig. 4D and Fig. 5, B and C). In contrast, when both catalytic sites contain the ester
intermediate, the protomers exhibit B-factors
and numbers of tightly bound waters comparable to those of the apo-state (Fig. 4E and Fig. 5,
B and C). The empty protomer becomes dynamic
only in substrate-bound and covalent intermediate structures in which a catalytic site is engaged
and primed for breaking or forming covalent
bonds (Fig. 4, B to D). Thus, substrate binding
enables an increase in empty protomer dynamics, which compensates for entropy losses from
substrate binding, facilitates sampling of conformations poised to adopt the transition state,
and lowers the free energy of the activation
barrier through the allosteric network across
the dimer.
Interprotomer allosteric pathways
Our x-ray and NMR studies establish that binding of a single substrate molecule to the FAcD
dimer initiates a pronounced conformational exchange between protomers on a submillisecond

B

time scale (i.e., 4300 s−1), which is accompanied
by increased disorder in the empty protomer. To
identify an allosteric transmission pathway between the substrate binding site of one protomer
and the dynamic regions of the empty protomer,
we used an RTA algorithm (based on rigidity
theory and an extension of the FIRST method)
(44–46). The RTA algorithm predicts the extent
to which a local mechanical perturbation of rigidity (mimicking ligand binding) at one region
can propagate and be allosterically transmitted
to another (remote) region. Computationally, the
RTA algorithm calculates the number of conformational degrees of freedom at the interface
region before and after perturbation of the rigidity of the substrate-binding region (and any
consequent transmission in degrees of freedom)
is obtained. Mechanically, if two sites are in
rigidity-based allosteric communication (i.e.,
transmit a change in degrees of freedom), then
a change in conformation (e.g., as caused by binding) at one site of the network will induce a
change in conformation at the second site (47).
The FIRST method makes use of the x-ray
crystal structure to generate a constraint network (graph), where the protein is viewed in
terms of vertices (atoms) and edges (i.e., covalent bonds, electrostatic bonds, hydrogen bonds,
and hydrophobic contacts). Hydrogen bonds are
then ranked in terms of overall strength according
to local donor-hydrogen-acceptor geometry, and
hydrogen bonds weaker than a selected cutoff
are ignored. Using a pebble game algorithm (45),
the network can be decomposed into rigid clusters and flexible regions, enabling an evaluation
of nontrivial degrees of freedom throughout the

C

α10
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D
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Covalent Intermediate
(one site reacted)

ClAc-bound

Covalent Intermediate
(two sites reacted)

F

FAc-bound

Glycolate-bound
B-factor
≤5

15 ≥25

Fig. 4. Heterogeneous dynamics in the dimer at key catalytic steps. Crystallographic B factors are indicated by color, from blue to red, and via a putty tube
representation. (A) Apo-structure of FAcD (D110N). (B and C) Michaelis complexes of FAcD (D110N) with substrates ClAc (B) or FAc (C). (D and E) Covalent ester
intermediates with only one catalytic site occupied (D) or both catalytic sites reacted (E). In the case of the singly bound FAc or ester intermediate structures,
B factors in the empty protomers are considerably higher. (F) B factors in the product glycolate-bound state are notably lower than the FAc-bound state (C).
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protein. Substrate binding would typically establish additional constraints at the binding site,
which should lead to changes in flexibility elsewhere in the enzyme, thereby contributing to
allosteric transmission. FIRST rigid cluster decomposition analysis shows that apo-FAcD consists predominantly of a single large rigid region
(indicated in blue in Fig. 6A) spanning the dimer
interface. The addition of substrate results in
several rigid clusters (designated by color in Fig. 6A)
and flexible connections (shown in gray), demonstrating an increase in conformational entropy in
the empty protomer.
The RTA algorithm analysis indicates that the
transmission of conformational degrees of freedom from the catalytic site in one protomer to the
interface region of the empty protomer (Fig. 6B)
occurs by allosteric transmission through networks. Thus, computational analysis of allosteric transmission in all three states (i.e., the apo-,
Michaelis, and glycolate-bound structures) suggests that there is indeed an underlying allosteric
pathway, which extends from the substratebinding site to the second protomer. Red and
green lines represent the hydrogen bond energy
cutoffs corresponding to the maximum possible
transmission of degrees of freedom and the
onset of allosteric transmission for the apo- and
ligand-bound dimer structures. In addition, this
analysis indicates that less energy is required
for allosteric communication between protomers

in the Michaelis complex structure relative to the
apo- and the glycolate-bound structures (Fig. 6B)
(44, 48).
Conformational selection and the
reaction coordinate pathway
A key tenet often associated with protein action
involves the notion of conformational selection,
which in the context of enzymes posits that the
ground-state apo-conformer (T state) samples
the substrate-bound conformer (R state), even
in the absence of substrate (49). Substrate binds
to the R conformer and thus initiates catalysis.
In principle, subsequent steps along the reaction
coordinate pathway may also be sampled in a
similar manner (6). Evidence for such coexistence
of states in FAcD is found by both crystallography
and 19F NMR. In particular, Tyr141 adopts distinct
major and minor conformations in each protomer
of the apo-FAcD crystal structure, representing
two distinct states of the dimer (Fig. 7A). In one
protomer (A, whose minor conformer is poised
for substrate binding), the tyrosine ring either is
positioned away from Trp156 in the major conformation or forms p-stacks with Trp156 in the
minor conformation. In the other protomer (B,
whose catalytic site is empty), the side-chain torsion angles c1 of the major and minor conformations of Tyr141 differ by 19°. Moreover, on
the basis of similarities in Tyr141 and Trp156 sidechain torsion angles in substrate-bound FAcD

(Fig. 7, C and D), we conclude that the minor
conformation of protomer A and that of protomer
B are coincident in the apo-protein (i.e., there are
a total of two states of the apo-protein rather
than four).
Consistent with the crystallography results, 19F
NMR of apo-FAcD reveals two distinct minor
resonances for Trp156 with equal areas (i.e., 0.25%
that of the major peak) downfield from the corresponding major peak (Fig. 7B). The chemical
exchange saturation transfer (CEST) profile shows
that the two minor peaks are in slow exchange
with the Trp156 major peak (Fig. 7B) (50). Moreover, the corresponding minor state is represented
through additional resonances with equivalent
intensities, as shown in fig. S12, which suggests
that the minor peaks associated with Trp156
signify a global conformational change. Analysis
of the Cl–-bound crystal structure (5K3C) and
19
F NMR spectra of Trp156 → His (W156H) mutant and wild-type FAcD in the presence of NaCl
shows that the two minor peaks arise from the
distinct minor conformations of Tyr141 in each
protomer associated with the substrate-bound
like state in the apo-form; ring current effects
from Tyr141 to Trp156 make it possible to observe
this minor state by 19F NMR (figs. S13 and S14).
The 19F NMR resonance was definitively assigned
to Trp156 through control 19F NMR spectra of the
W156H mutant and additional experiments involving the H280N mutant and different ligands,
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Fig. 5. Distribution of water molecules bound to crystalline FAcD.
(A) 2Fobs – Fcalc electron densities interpreted as water molecules located
within 2.8 Å of the next FAcD atom are shown as gray mesh at 1.0s cutoff. In
the FAc-bound structure, the distribution becomes quite asymmetric because
of a considerable decrease of water molecules in protomer B, especially around
helix a9 and strand b8 of the unbound protomer. Note that these waterdepleted regions also exhibit chemical shift perturbations and increased B
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factors in the presence of substrate (Figs. 2A and 4). (B) Bar graph of
number of bound water molecules within 2.8 Å of protomers in the apo- and
FAc-bound structures. The apo-structure has similar numbers of water
molecules in each protomer. The FAc-bound structure reveals a loss of ~30
water molecules surrounding the ligand-free protomer. (C) Bar graph of the
same data shown in (B) but as percentages of the total number of tightly
bound water molecules.
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a 0.5% population, and exhibits a lifetime on
the order of seconds or longer in the absence of
substrate (6). 19F NMR also shows evidence for
sampling of the apo-like ground state (~8% population, represented by a resonance at –120.8 ppm)
upon addition of saturating amounts of BrAc
(substrate analog) and glycolate (product), in coexistence with the major peak (–118.0 ppm). In
this case, the major peak exhibits notable exchange broadening, whereas the major peak resulting from the addition of glycolate does not
show line broadening (Fig. 2E).
19
F NMR spectra in the presence of BrAc
(Fig. 2E) and crystallographic data also provide
evidence for sampling of sequential catalytic
states via a conformational selection mechanism,
albeit on a faster time scale. Like the apo-form,
the Michaelis complex also exhibits structural
asymmetry with respect to Tyr141, adopting
p-stacked and skewed conformations in the
bound and the empty protomers, respectively
(Fig. 7C). The p-stacked Tyr141 conformation of
the bound protomer (protomer A) is positioned
to accommodate the substrate and is also primed
for the initial SN2 nucleophilic substitution. Interestingly, the empty protomer (protomer B)
adopts a conformation that is remarkably similar to the covalent intermediate conformation
of protomer A, as evidenced by the overlaid
crystal structures of the empty protomer (B) in
the Michaelis complex and the H280N covalent
intermediate (Fig. 7, E and F). This suggests
that the intermediate conformation of the reacted protomer (A) is presampled in the empty

as described in fig. S13. The minor state observed
by 19F NMR is corroborated by the residual electron density around Tyr141 in the crystal structure (Fig. 7A). Fast protomer conformational
exchange of the ground state of apo-FacD—or,
indeed, that of the subsequent Michaelis complex, covalent intermediate, and product-bound
states—prevents the detection of gross asymmetries under solution conditions. However, the
minor state of apo-FAcD, representing the conformation poised for substrate binding, is clearly
asymmetric and long-lived, as evidenced by the
absence of exchange broadening and the absence
of magnetization transfer between minor peaks
(Fig. 7B and fig. S8F).
The Michaelis complex and product-bound
crystal structures show that the minor conformation associated with the apo-state is predominant
upon addition of ligand, with no residual electron
densities detected (Fig. 7, C and D, fig. S12). 19F
NMR spectra similarly reveal that the minor
(bound-like) state of the apo-enzyme is predominant in the Michaelis complex and glycolatebound structures (Fig. 2E). The presampling of
the bound-like state in the apo-form suggests a
conformational selection mechanism in substrate
binding (3). In keeping with x-ray crystallography, which showed that the minor state of Tyr141
as found in the apo-form is stabilized in the
Michaelis complex, 19F NMR reveals a clear shift
of the major resonance of Trp156 to one of the
minor peaks upon addition of BrAc (Fig. 2E).
Thus, the minor state of apo-FAcD represents
the substrate-bound–like state, is presampled with

A

protomer of the Michaelis complex. Furthermore, the crystal structures of the occupied
protomer (A) of the H280N covalent intermediate and the minor conformation of protomer
B in the apo-structure overlay well with each
other, suggesting the intermediate conformation is also presampled in the absence of substrate (Fig. 7F, right). Thus, the functional states
associated with catalysis (namely, substrate recognition, complex formation, facilitation of SN2
substitution, and hydrolysis) are elegantly sampled
in a sequential fashion via the asymmetric dimer (6). In this case, sampling of the boundlike state is very slow for apo-FAcD, whereas
sampling of the intermediate state via the
Michaelis intermediate occurs on a submillisecond time scale, as evidenced by 19F NMR
CEST and CPMG experiments, respectively (see
below).
The role of dynamics and quaternary
structure in catalysis
Although some degree of protein dynamics is
generally needed for enzymes to bind substrate
and release product, there is debate concerning
the relative role of protein dynamics in the chemical step (5, 51–57). It has been suggested that
dynamics and flexibility are key to enzyme catalysis and facilitate the chemical step by sampling
weakly populated catalytically competent states
(52, 55). However, some computational studies
argue that the contribution of protein dynamics
to the chemical step is minimal and that electrostatic preorganization is the major driving
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Fig. 6. Computational analyses using rigidity-based transmission models.
(A) Computational rigidity predictions with FIRST. Rigid cluster decompositions
at an energy cutoff of –2 kcal/mol [purple dashed line in (B)] shows that the
Michaelis complex is composed of several rigid clusters (designated by color) and
flexible connections (gray), whereas the apo- and the glycolate-bound structures
each consist predominantly of a single large rigid region (blue). (B) The transKim et al., Science 355, eaag2355 (2017)
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mission of conformational degrees of freedom (DOF) from the catalytic site in
one protomer to the interface region of the empty protomer (i.e., a change in
rigidity at site one propagating to modify rigidity at site two) indicates the presence
of rigidity-based allostery between the two protomers. Red and green lines show
the hydrogen bond energy cutoffs corresponding to the maximum possible transmission of degrees of freedom and the onset of allosteric transmission, respectively.
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bound–like state undergoes no such exchange in
the absence of substrate (Fig. 8, I and II). Binding
of a single substrate shifts the equilibrium to
the bound state and, remarkably, brings about a
considerably faster and more pronounced conformational exchange between binding-competent
and intermediate states on a submillisecond time
scale (Fig. 8, III and IV). This would have the
advantage of compensating for entropy losses
associated with binding the substrate, providing
a route for sampling the covalent intermediate
state on a faster time scale and enabling catalysis.

force of catalysis (53, 54). We revisit this issue in
the context of the dimeric enzyme. One hallmark
of FAcD is that a subtle structural asymmetry
persists in crystal structures of the apo-enzyme,
Michaelis complex, covalent intermediate, and
product-bound dimer. Moreover, this asymmetry
becomes more pronounced as catalysis proceeds,
returning to lower values in the product complex.
NMR reveals a clear exchange of protomer conformations (AB ↔ BA) on a millisecond time scale
(750 s−1) associated with the ground-state apoform, whereas the sparsely populated substrate-
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0.30

Normalized peak intensity (I/Io)

Protomer B

Protomer A

Upon establishing the covalent intermediate (Fig.
8, V), fast internal empty protomer dynamics may
also facilitate sampling of conformations that allow
attack by an activated water molecule to complete
hydrolysis (Fig. 8, VI and VII) and product release.
In other words, fast conformational exchange
between protomers and strong allosteric coupling
facilitate sampling of multiple states, along a pathway that allows the transition state to be sampled
with a higher probability. B factors and proteinbound water molecules also contribute to our
understanding of the role of dynamics, where a
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Fig. 7. Crystallographic and spectroscopic evidence of conformational
selection. (A) 2Fobs – Fcalc electron density maps representing the major (cyan)
and minor (magenta) conformations of Tyr141 in crystals of apo-FAcD (5K3D).
The cutoff levels for the electron density displayed are 0.3s and 1.1s for
protomers A and B, respectively. (B) Downfield region of the 19F NMR spectrum
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widths of deconvolved minor peaks are 73 Hz (left peak) and 92 Hz (right peak).
The CEST profile showing the peak intensity of Trp156 is displayed as a function
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of low-power saturation frequency (red trace). Chemical shifts of the troughs
match those of the minor peaks. (C and E) The 2Fobs – Fcalc maps of the FAcD
active site in the Michaelis complex with FAc [5SWN (C)] and the covalent
intermediate [5K3F (E)], showing residues Tyr141 and Trp156, glycolyl, and bound
ligand as sticks. (D) Superposition of the apo-form (5K3D) and the Michaelis
complex with FAc (5SWN). (F) Crystal structures of the apo-form (5K3D) overlaid with the Michaelis complex with FAc (5SWN, left) and the covalent intermediate (5K3F, right), showing comparable side-chain conformations.
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I
99.5 %

involving alignment of substrate, formation of
the covalent intermediate, and a specific attack
via an activated water molecule in a unique
excited-state pose, all of which may involve
many cooperative and noncooperative processes
on the part of the enzyme and substrate, prior to
attaining the transition state, whereupon the
final chemical step may take place on a time scale
of femtoseconds or faster. Protein dynamics are
thus essential to facilitating overall catalysis,
although the experiments described herein do
not allow us to interrogate the chemical step.
The role of water networks in stabilizing
functional states
We emphasize that the structural asymmetry observed by crystallography, and indeed the differences in structure between distinct functional
states of the enzyme (apo-, Michaelis, covalent
intermediate, and product), are quite subtle. RMSD
differences between the corresponding backbone
atoms of the apo-, Michaelis complex, covalent
intermediate, and product-bound forms of FAcD
are less than 0.3 Å. On the other hand, the presence of bound water networks differs considerably between these functional states, emphasizing
the key role of water networks in establishing
stable states along the reaction coordinate pathway. This theme of water networks has been
repeated in several other recent studies, including the adenosine A2A G protein–coupled receptor
(GPCR) (58), where water networks represent a
key facet of the activation switch; hemoglobin,

II
0.5 %

III
8%

IV
92 %

where 60 water molecules are involved in stabilizing the R state upon binding by oxygen (59); and
a common hub protein, calmodulin, where the
protein bound-like state is sampled on a millisecond time scale and is distinguished by the
loss of a network of bound water molecules (60).
Water networks present obvious advantages from
the perspective of (i) stabilizing states via enthalpic
or entropic means, and (ii) establishing long-range
dynamic allosteric networks in the case of enzymes, GPCRs, and proteins such as calmodulin
that participate in signaling pathways through
protein-protein interactions.
Conclusions
Our findings illustrate how half-of-the-sites reactivity in a homodimeric enzyme is regulated
by a dynamic allosteric pathway and conformational selection mechanism. Crystallographic and
spectroscopic signatures of the apo-enzyme,
Michaelis complex, covalent intermediate, and
product-bound dimer reveal a subtle structural
asymmetry. At any instance, one of the two
protomers in the apo-enzyme is primed for ligand binding (Fig. 8, I and II). An asymmetric
bound-like state, which is presampled by the
apo-enzyme, becomes the dominant state upon
binding of substrate, whereupon protomer exchange dynamics is reinforced through allosteric pathways emerging from the substrate-binding
site of the ligand-containing protomer and crossing the dimer interface (Fig. 8) (61). Subsequent
functional states are also sampled via the dimeric

V

VI
8%

VII
92 %

-30

20

~930 s-1

~4300 s-1

~750 s-1

20

-3

Closed ground state
Open ground state

0

Binding competent
excited state
Intermediate
excited state

Fig. 8. Proposed mechanistic scheme for FAcD catalysis. In the apo-state,
FAcD undergoes fast exchange between two heterogeneous ground states (I)
but rarely presamples a long-lived excited state (II). Upon substrate binding,
the excited state becomes dominant (IV) with a weakly populated ground
state (III). The protomer conformational exchange rate of the excited state
(IV) increases substantially, while the local dynamics of the empty protomer
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(denoted by red polygons) also increase. At the same time, the number of
bound waters in the empty protomer decreases (IV, V). After formation of the
ester intermediate, the dynamic empty protomer becomes accessible to
substrate and can potentially initiate catalysis (V). Upon formation of product,
the conformational exchange rate and the asymmetry in protomer dynamics
diminish to a level comparable to that of the apo-state (VI, VII).
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clear enhancement in local motions and changes
in the numbers of bound water molecules are
seen during catalysis, albeit in domains associated with the empty protomer.
The asymmetry in local dynamics observed
during catalysis suggests an advantage for oligomers over monomeric enzymes. In particular, the
substrate-bound protomer is able to adopt an optimal pose for efficient catalysis while the empty
protomer facilitates the reaction through increased
dynamics, for purposes of entropic compensation
and sampling of the transition state via tight
allosteric coupling between protomers. In addition, the empty protomer appears to serve an
additional role with regard to conformational
selection and sampling of successive functional
states along the reaction coordinate pathway.
In particular, the covalent intermediate conformation is sampled by the empty protomer of the
Michaelis complex on a rapid time scale upon
binding of substrate (4300 s−1). In contrast, the
bound-like state of apo-FAcD is sampled on a
very slow time scale (seconds). Thus, conformational selection in the dimer essentially knits together key functional states at every point along
the reaction coordinate pathway and facilitates
overall catalysis by sampling these intermediates.
Despite the increased dynamics upon binding
of substrate, there is a large discrepancy between the enzymatic catalytic rate (1.84 min−1)
and the time scale of protein dynamics (nanosecond to submillisecond). The catalytic rate is,
of course, dependent on a sequence of events

enzyme, in a manner consistent with conformational selection. In particular, the empty protomer
of the Michaelis intermediate adopts a conformation that closely resembles the bound
protomer of the covalent intermediate. The catalytic intermediates display considerable changes
in local dynamics and bound water networks,
largely in the ligand-free protomer, leading to
pronounced asymmetry between the protomers.
This increase in configurational entropy and corresponding increased protomer conformational
exchange and domain-specific dynamics likely
lowers the activation free energy barrier and
drives sampling of the transition state. This detailed mechanism provides insights into how
substrate-coupled allosteric modulation of structure and dynamics may facilitate catalysis in a
homodimeric enzyme.
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The role of dimer asymmetry and protomer dynamics in
enzyme catalysis
Tae Hun Kim, Pedram Mehrabi, Zhong Ren, Adnan Sljoka,
Christopher Ing, Alexandr Bezginov, Libin Ye, Régis Pomès, R.
Scott Prosser and Emil F. Pai (January 19, 2017)
Science 355 (6322), . [doi: 10.1126/science.aag2355]

Working as a pair
Enzymes provide scaffolds that facilitate chemical reactions. Enzyme dynamics often enhance
reactivity by allowing the enzyme to sample the transition state between reactants and products. Kim et
al. explored the role of dynamics in the dimeric enzyme fluoroacetate dehalogenase (see the
Perspective by Saleh and Kalodimos). They found that the two protomers are asymmetric, with only
one being able to bind substrate at a time. The nonbinding protomer contributed to catalysis by
becoming more dynamic to compensate for the entropy loss of its partner.
Science, this issue p. 10.1126/science.aag2355 ; see also p. 247

This copy is for your personal, non-commercial use only.

Article Tools

Permissions

Visit the online version of this article to access the personalization and
article tools:
http://science.sciencemag.org/content/355/6322/eaag2355
Obtain information about reproducing this article:
http://www.sciencemag.org/about/permissions.dtl

Science (print ISSN 0036-8075; online ISSN 1095-9203) is published weekly, except the last week
in December, by the American Association for the Advancement of Science, 1200 New York
Avenue NW, Washington, DC 20005. Copyright 2016 by the American Association for the
Advancement of Science; all rights reserved. The title Science is a registered trademark of AAAS.

Downloaded from http://science.sciencemag.org/ on January 22, 2017

Editor's Summary

